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Separation and metrology of nanoparticles by nanofluidic size exclusion
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A nanofluidic technology for the on-chip size separation and metrology of nanoparticles is
demonstrated. A nanofluidic channel was engineered with a depth profile approximated by a staircase
function. Numerous stepped reductions in channel depth were used to separate a bimodal mixture of
nanoparticles by nanofluidic size exclusion. Epifluorescence microscopy was used to map the size
exclusion positions of individual nanoparticles to corresponding channel depths, enabling
measurement of the nanoparticle size distributions and validation of the size separation mechanism.

Nanoparticle size distribution is strongly correlated with useful
and harmful nanoparticle characteristics." This has motivated
the development of methods to purify dispersions and separate
mixtures of nanoparticles of different sizes for subsequent
measurement and application. Current technology for nano-
particle size processing and characterization remains a bottle-
neck to the fundamental understanding and safe exploitation of
nanoparticles.> Conventional methods of nanoparticle size
separation and purification®** are successful but can be slow and
inefficient and are typically followed by slow and specialized
nanoparticle ~ measurement  techniques.’>'”  Microfluidic
approaches to the size separation of nanoparticles promise to be
fast, efficient, and integrated into total analysis systems'®2? but
typically remain limited to the indirect manipulation of nano-
particle ensembles and separate from methods to measure
nanoparticle size. Nanofluidic devices provide the scaling
advantages of microfluidic devices and enable direct control over
interactions with nanoparticles at the nanometre length scale,**"
however, the vast majority of nanofluidic devices have had only
a few critical dimensions.?®*? This structural limitation has
restricted the range and resolution of nanofluidic approaches to
the manipulation and metrology of rigid nanoparticles, although
nanofluidic devices have been used extensively to analyze flexible
nanomaterials.?*3? In this Technical note, as illustrated in
Fig. 1(A), a new technology for the on-chip size separation and
metrology of nanoparticles by three-dimensional (3D) nano-
fluidic size exclusion is demonstrated.

A nanofluidic device was fabricated using a single layer of
grayscale photolithography and standard integrated circuit
manufacturing tools, as described previously.* In summary,
a 3D “staircase” structure with 30 steps was patterned in a thin
film of photoresist on a fused silica substrate. The 3D pattern was
then transferred into the substrate at the nanometre length scale
by low selectivity reactive ion etching. Enclosed fluidic channels
were formed by glass—glass wafer bonding.

The nanofluidic technology presented here depends on the
characterization of numerous critical device dimensions. Prior to
wafer bonding, the topography of the etched channel surface was
mapped by scanning probe surface profilometry, as shown in
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Fig. 1(B). Etch depths d were known to an uncertainty of <2 nm
(standard deviation). On average, the channel had a maximum
depth of ~620 nm, a minimum depth of ~80 nm, and an average
step size of ~18 nm. A fabrication process defect resulted in
a range of known step sizes from ~10 nm to ~50 nm, as shown in
Fig. 1(B) and 2(C). The root mean square roughness of the
etched channel surface was (2.1 + 0.2) nm (mean + standard
deviation), as measured by atomic force microscopy. The root
mean square roughness of the polished cover wafer surface was
=0.5 nm, as specified by the manufacturer. For the nanofluidic
size exclusion of rigid nanoparticles with diameters distributed
from ~80 to ~250 nm, the channel surface roughness introduced
a bias towards excluded channel depth, rather than random
variation in channel depth. To account for this bias, the sum of
the root mean square surface roughness values was subtracted
from the average channel depth, with uncertainty in channel
depth increased accordingly.

Before use, the device was filled and equilibrated with
a commercial protein-based blocking solution including a high
concentration of bovine serum albumin (BSA) as a primary
constituent in phosphate buffered saline (PBS) at a pH of 7.2.
BSA has been shown to bind to silica in a side-on mode, resulting
in an adsorbed film thickness of 3 to 4 nm,3 which was expected
to have reduced the channel depth by 6 to 8 nm. As a result, 7 nm
were subtracted from each nanofluidic channel depth, and the
uncertainty in channel depth increased to a total of 2 nm (stan-
dard deviation). The roughness of the channel surfaces was
assumed to have translated through a conformal coating of
blocking proteins.

ISTIE LT ePeS
Fig. 1 (A) Schematic of the size separation and metrology of a mixture
of nanoparticles by 3D nanofluidic size exclusion. (B) Schematic of
adjacent nanofluidic steps with excluded depths di < dy “binning”
nanoparticles of different sizes dy < D < dj into a size subset. Schematics
are not to scale. (C) Etched channel surface as measured by scanning
probe profilometry.
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Fig. 2 (A) Brightfield micrograph of a nanofluidic channel with thirty depths made visible by white light interference. (B) Representative epifluor-
escence micrograph of a mixture of polystyrene nanoparticles with bound blocking proteins and nominal diameters of D; = (112 & 6) nm and D, = (222
=+ 10) nm (mean =+ standard deviation) electrokinetically driven into the channel. Stepped reductions in channel depth excluded nanoparticles by size
from separate regions of the channel. Primary positions of nanofluidic size exclusion are illustrated. (C) Etch depth profile of the channel region used to
map positions of nanofluidic size exclusion to channel depths. Excluded channel depths were known to an uncertainty of 2 nm (standard deviation).

Scale bars are 20 um.

Fluorescent nanoparticles were procured and prepared for
nanofluidic manipulation and metrology. The structure of the
nanoparticles was characterized by an amorphous polystyrene
network with encapsulated fluorescent dye molecules and highly
carboxylated surfaces, as specified by the manufacturer. The
nanoparticles had initial diameters D of D;’ = (100 + 6) nm and
D, = (210 & 10) nm (mean =+ standard deviation), as measured
by the manufacturer using transmission electron microscopy.
These values denote the first and second moments of the nano-
particle size distributions. After receipt, the nanoparticle samples
were diluted to ~60 pM, sonicated, and incubated in the same
protein-based blocking solution. BSA has been shown to bind in
a mixed side-on and end-on mode to carboxylated polystyrene
particles similar to those used here, resulting in an adsorbed film
thickness of 5 to 7 nm.** Assuming equilibrium binding, the

Table 1 Nanoparticle sizes

Measured
diameter‘/nm

Nominal
diameter’/nm

Initial
diameter“/nm

Dy = (100 £ 6) D, = (112 + 6) (60 +2) < (12 + 6)%
< (112 +2)

(112 £ 2) < (44 + 6)%
< (119 + 2)

(119 £2) < (32 + 6)%
<(132+2)

(132 + 2) < (12 + 6)%

Dy = (210 + 10) D, = (222 £ 10) (162 £ 2) <(3 £ 6)%
< (201 + 2)

(201 =+ 2) < (55 + 6)%
< (216 + 2)

(216 £2) < (22 + 6)%
< (230 + 2)

(230 + 2) < (12 + 6)%
< (241 £ 2)

(241 £ 2) < (7 + 6)%

¢ Initial diameter: nanoParticle sizes as measured using transmission
electron microscopy. ” Nominal diameter: nanoparticle sizes as
expected in solution with adsorbed BSA. ¢ Measured diameter:
nanoparticle size distributions as measured by mapping nanofluidic size
exclusion positions of individual nanoparticles to corresponding
channel depths. The percent of each size distribution separated and
bounded by sequential nanofluidic steps is presented. All size values
denote (mean =+ standard deviation).

nanoparticle diameters were expected to have increased by
12 nm, with a negligible increase in uncertainty. As a result, D; =
(112 £ 6) nm and D, = (222 + 10) nm (mean + standard devi-
ation) were taken as the nominal sizes of the nanoparticles with
bound blocking proteins. Initial and nominal nanoparticle sizes
are presented in Table 1.

The surfaces of the nanofluidic channel and nanoparticles were
passivated with blocking proteins to reduce adsorption of the
nanoparticles to the channel surfaces and to isolate steric
hindrance of rigid nanoparticles at stepped reductions in channel
depth as the mechanism for nanoparticle size separation and
metrology. The resulting uncertainties in channel depths and
nanoparticle sizes were propagated as described above and were
small compared to the nanofluidic step sizes and nanoparticle
size distribution polydispersities.

A nanoparticle size separation experiment was performed. An
array of connecting channels around the central channel, visible
at the top and bottom of Fig. 2(A), was used to electrokinetically
drive a mixture of the two nanoparticle size distributions into the
central channel. The bimodal mixture was then electrokinetically
driven down the channel length and across the channel width
from the deep side towards the shallow side of the staircase
structure, as illustrated in Fig. 1(A). The size separation experi-
ment was run continuously until ultimately limited by adsorption
of the nanoparticles to the surfaces of the channel. Because the
nanoparticles were confined to a fluidic nanostructure positioned
within the depth of focus of the microscope objective, smaller
and larger nanoparticles were individually visible as dimmer and
brighter analytes, respectively, as shown in Fig. 2(B).

Nanofluidic size exclusion showed several advantages as
a nanoparticle size separation mechanism. At the onset, sub-
micrometre-scale contaminants were automatically filtered from
the sample by size exclusion at the device inlet. After sample
injection, Brownian motion resulted in variation in the paths
taken by individual nanoparticles to stepped reductions in
channel depth that resulted in nanofluidic size exclusion. This
variation was irrelevant, however, because the steric hindrance of
nanoparticles occurred along the staircase structure step edges
independent of the preceding nanoparticle paths. Nanoparticles
of different sizes reached spatially separate positions of nano-
fluidic size exclusion in the channel, as illustrated in Fig. 1(A) and
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as shown in Fig. 2(B). The nanoparticle mixture was separated in
~10 seconds and within ~100 pum of channel width, as measured
from the point of sample injection to the final nanofluidic step
resulting in size exclusion. This is significantly faster and more
compact than most current methods, and the separation time and
distance can be further reduced by patterning narrower steps.
Following nanofluidic size exclusion, the electrokinetic force
tended to oppose the free diffusion of nanoparticles into deeper
regions of the channel, as suggested by subsequent measurements
of nanoparticle size distribution which do not show a resulting
systematic overestimate of nanoparticle size. This could be
exploited in the future for simultaneous nanoparticle separation
and concentration.?®

For the experimental results presented here, the ability to
discriminate between nanoparticles of different sizes was limited
primarily by the nanofluidic step size, as illustrated in Fig. 1(B).
For adjacent nanofluidic steps with average excluded depths d; <
dg, nanoparticles with different diameters D in the range of ds <
D < d4 were similarly excluded from regions of the channel with
depths d = d; by the edge between the nanofluidic steps. Nano-
particles in this size range were thus “binned” into a size subset
by the adjacent nanofluidic steps, with smaller nanoparticle size
differences unresolved.

Because the polydispersities of both nanoparticle size distri-
butions exceeded the nanofluidic step sizes, as illustrated in
Fig. 1(A), nanofluidic size exclusion enabled the separation of
each nanoparticle size distribution into several discrete size
subsets. For both nanoparticle size distributions, majority size
subsets reached primary positions of nanofluidic size exclusion in
the channel, as shown in Fig. 2. Minority size subsets reached
spatially separate positions of nanofluidic size exclusion distrib-
uted around these primary positions.

Small numbers of nanoparticles were also excluded from
regions of the channel that were deeper than expected. Several
experimental artifacts may have contributed to a false interpre-
tation of large nanoparticle outliers including irregular channel
surface topography, adsorption of the nanoparticles to the
channel surfaces, diffusion of nanoparticles away from the
stepped reductions in channel depth resulting in nanofluidic size
exclusion, or variation in blocking protein coverage. Alterna-
tively, several phenomena of interest could have increased the
actual sizes of these nanoparticles as characterized by nanofluidic
size exclusion, such as a long tail in the size distribution or
irregular nanoparticle morphology.

To measure the sizes of individual nanoparticles, positions of
nanofluidic size exclusion as measured by epifluorescence
microscopy were mapped to corresponding channel depths, as
illustrated in Fig. 2. Nanoparticle size separation and metrology
were thus integrated by this dual nanofluidic device functionality.
Approximately 300 nanoparticles were analyzed for both D; and
D, giving sampling errors of <6% of the measured values. The
percentages of nanoparticles binned by adjacent nanofluidic
steps into size subsets of the total populations and the resulting
size distributions are presented in Table 1 along with initial and
nominal values. Due to the artifacts discussed above, it was not
possible to produce reliable upper bounds in size for the small
number of large nanoparticles observed in both size distribu-
tions. As a result, only lower bounds for these size subsets are
presented. Considering the measurement uncertainties, the

nanoparticle size distributions as measured by the use of the
nanofluidic channel as a reference material in conjunction with
nanofluidic size exclusion are in reasonable agreement with the
nominal values. The smaller and larger nanoparticle size distri-
butions are systematically over- and underestimated, respec-
tively, indicating an uncorrected source of error that may be
attributed to the possible artifacts described above. Nonetheless,
these measurements of nanoparticle size distribution are suffi-
ciently accurate for proof of concept.

These results validate the nanofluidic technology for the inte-
grated size separation and metrology of nanoparticles demon-
strated here and emphasize several of its benefits. The size
separation of nanoparticles within a nanofluidic reference
material provides a direct measurement mechanism and a simple
model to interpret the results as well as a short traceability chain
to the International System of Units (SI). The analysis of indi-
vidual nanoparticles enables a full characterization of nano-
particle size distribution including moments and outliers that can
be obscured by an ensemble analysis. This is an important result
of this note, as dispersity in size is known to be critical in many
investigations and applications of nanoparticles.” Looking
forward, on-chip nanofluidic test structures have the potential to
be faster and more pervasive than slow and specialized instru-
mentation for nanoparticle metrology.

There were several limits to the separation and metrology of
nanoparticles as implemented, but none are fundamental. For
the device presented here, the range of particle sizes that could be
processed extended from ~80 nm to ~620 nm, however, the
shallowest device depth can be reduced to <10 nm?® while the
deepest device depth can be increased into the micrometre range
by the use of a more selective etch. The ability to resolve nano-
particle size differences was limited primarily by the average
nanofluidic step size of ~18 nm, but step size can be reduced to
<10 nm by the variation of several nanofabrication process
parameters, such as the use of a less selective etch or the speci-
fication of more precise photomask critical dimensions.?® These
range and resolution limits encompass many nanoparticle
investigations and applications of current interest. The rough-
ness of the channel surfaces ultimately limited control over
channel depths, which would become increasingly problematic
for smaller nanoparticles. As a result, channel surface roughness
must be minimized and more accurately characterized for such
samples. For the experimental results presented here, adsorption
of the nanoparticles to the channel ultimately limited the ability
to manipulate and measure nanoparticles. As is the case for
many analytical methods involving high surface-to-volume ratio
fluidic devices and analytes, surface chemistry can be limiting
and must be optimized for practical applications involving
specific samples of interest.

In conclusion, a nanofluidic technology for the integrated size
separation and metrology of nanoparticles is presented. In
a previous manuscript,? the nanofluidic size exclusion of one size
of nanoparticle in a 3D nanofluidic structure was demonstrated,
indicating the feasibility of the approach described here. The
results presented in this note suggest that an optimized approach
could be used for the on-chip sorting of nanoparticles by size and
surface structure, with range and resolution designed for specific
applications and determined by control over numerous nano-
fluidic structure depths.
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